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ABSTRACT: Characterization of polymerized liposomes
(PolyPIPosomes) was carried out using a combination of
normal dc electrical ﬁeld-ﬂow fractionation and cyclical
electrical ﬁeld-ﬂow fractionation (CyElFFF) as an analytical
technique. The constant nature of the carrier ﬂuid and channel
conﬁguration for this technique eliminates many variables
associated with multidimensional analysis. CyElFFF uses an
oscillating ﬁeld to induce separation and is performed in the
same channel as standard dc electrical ﬁeld-ﬂow fractionation
separation. Theory and experimental methods to characterize
nanoparticles in terms of their sizes and electrophoretic mobilities are discussed in this paper. Polystyrene nanoparticles are used
for system calibration and characterization of the separation performance, whereas polymerized liposomes are used to
demonstrate the applicability of the system to biomedical samples. This paper is also the ﬁrst to report separation and a higher
eﬀective ﬁeld when CyElFFF is operated at very low applied voltages. The technique is shown to have the ability to quantify both
particle size and electrophoretic mobility distributions for colloidal polystyrene nanoparticles and PolyPIPosomes.
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on dosage, targeting, and rate of clearance from the body.2 Also,
when vesicles are used as reaction compartments for the
synthesis of size-quantized nanocrystals, where the optoelectronic properties are size-dependent, the vesicle size distribution must be as tight as possible, since it in turn governs the
particle size distribution.3 Thus, the success and application of
liposomes in a wide array of disciplines demand stringent
control over the particle size distribution, which requires a
rapid, dependable technique to measure vesicle size and size
distribution.
Nanoparticle Analysis Techniques. Although a variety of
methods exist for measuring average vesicle size, few accurate,
convenient, and nondestructive methods for measuring the size
distribution are available for use. Most of the economical
techniques rely on assumptions about the basic nature of the
size distribution. Measurement methods include electron
microscopy,4,5 sedimentation ﬁeld-ﬂow fractionation,6−8 nuclear magnetic resonance (NMR) spectroscopy,9 gel ﬁltration
chromatography9, and static and dynamic light scattering.10
TEM sample preparation can introduce artifacts and is a
destructive method for analysis. Sedimentation ﬁeld-ﬂow
fractionation has proven to be a powerful technique for vesicle

INTRODUCTION
Polymerized Liposomes. Polymerized liposomes are
being developed for possible use in drug delivery, lipid
membrane research, and nanotechnology applications. These
nanocarriers are of signiﬁcant interest to researchers because
they overcome disadvantages associated with conventional
liposomes, such as fragility. For example, polymerized liposomes can be subjected to long-term storage, they can be
frozen, and they are not disrupted by osmotic shock,
detergents, or organic solvents. Of particular interest to us
are phosphoinositide (PIPn)-containing polymerized liposomes
(PolyPIP or PolyPIPosomes)1 that have been developed and
have been shown to have the ability to incorporate tags such as
biotin or a ﬂuorescent dye into the membranelike surface.
PolyPIP provide a researcher with a simple system to detect
and quantify binding events in a membrane-like environment.
PolyPIP show the expected speciﬁcity toward immobilized
lipid-binding proteins and are being evaluated for other lipid−
protein interaction formats.
Polymerized liposomes present a number of challenges to an
analytical chemist. The characterization of liposomes can be
focused on morphology (size, shape, and number of bilayers),
structure, surface characteristics, encapsulation eﬃciency, or
stability. The vesicle size and distribution are key parameters in
most vesicle applications. In pharmaceutical applications,
vesicle size and size distribution control have a strong impact
© 2012 American Chemical Society
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electrophoretic mobilities and sizes. Particles with lower
electrophoretic mobilities will elute earlier than particles with
higher electrophoretic mobilities, as they will be retained nearer
to the wall for a longer time and will be less inﬂuenced by the
ﬂow.
The applied ﬁeld in the dc E1FFF systems is signiﬁcantly
reduced across much of the channel due to the reversible
buildup of ionic polarization layers or electrical double layers
that occur in the interfacial region near the electrode. The
accumulation of ions near the wall reduces the eﬀective ﬁeld on
particles in dc ElFFF systems; Niem Tri et al.15 have calculated
that the eﬀective voltage for dc ElFFF systems is around 3% of
the nominal voltage applied.16
Cyclical Electrical Field-Flow Fractionation. CyElFFF
was ﬁrst investigated by our group to overcome the low
eﬀective ﬁeld found in normal or dc ElFFF.12,17 In CyE1FFF,
the electric ﬁeld is varied during the course of the run (i.e., an
ac ﬁeld is used instead of the constant dc ﬁeld used for normal
E1FFF).18−23 The use of an ac ﬁeld causes the particles to
move cyclically between the walls rather than being
accumulated at one wall, as indicated in Figure 1. The elution
of the particles is dependent upon the applied voltage, the
applied frequency, and the electrophoretic mobilities of the
particles. In CyE1FFF, two modes are most common and can
be used to describe the motion of the samples under the
application of the ac ﬁeld as shown in Figure 1. These distinct
separation modes are termed Mode I and Mode III, as deﬁned
by Giddings.24 During the application of the ﬁrst half-cycle of
the ﬁeld, if the particles reach the opposite wall and reside there
until the ﬁeld is reversed then the particles are in Mode III. For
Mode I, the particles are unable to reach the opposite channel
wall before the ﬁeld is reversed; thus, they tend to move back
and forth near the accumulation wall. Mode II occurs when
particles just reach the wall before being forced in the opposite
direction.
The applied ﬁeld in the dc ElFFF systems is signiﬁcantly
reduced across much of the channel, due to the reversible
buildup of ionic polarization layers or electrical double layers
that occur in the interfacial region near the electrode.16,25 In
comparison, CyElFFF can produce a much higher eﬀective ﬁeld
due to the oscillation of the ﬁeld across the channel electrodes,
most likely due to the delay in forming a signiﬁcant polarization
layer.13 This phenomenon leads to much higher eﬀective ﬁelds
than can be obtained with normal ElFFF. In addition, the
elution mechanism in CyElFFF is theoretically independent of
diﬀusion, and diﬀerences in electrophoretic mobility govern the
separation as there is no formation of the concentration
gradient which determines retention in normal dc E1FFF.13

size distribution estimation, but it requires a relatively complex
centrifugation apparatus. The developments in HPLC-mode gel
ﬁltration chromatography for vesicle characterization have yet
to overcome shortcomings, including limited fractionation
range, long elution times, and lipid adsorption to the column.11
Nondestructive techniques based on dynamic light scattering
and NMR spectroscopy can yield accurate measures of the
average vesicle size, but in order to determine the size
distribution accurately, the scattering methods rely on user
input of the size distribution functional form and are based on
the selection of the simplest solution that ﬁts the data well. In
addition, all the above-mentioned techniques usually require a
trained operator and are ﬁnancially diﬃcult to procure.
However, a complete understanding of the vesicle size
distribution that results from various synthesis methods is not
available; consequently, size distribution cannot be measured
unambiguously using these techniques. A convenient, economical, and user-friendly nondestructive method for measuring
absolute vesicle size distributions without any prior assumptions about their distribution, therefore, remains an unﬁlled
need. The use of dc and cyclical electrical ﬁeld-ﬂow
fractionation (CyElFFF) is proposed to meet this need.12,13
Electrical Field-Flow Fractionation. The operation of an
electrical ﬁeld-ﬂow fractionation (ElFFF) system is based on
the general theory of FFF ﬁrst developed by Giddings14 and
employs the application of an electric ﬁeld perpendicular to the
direction of separation as shown in Figure 1. An aqueous
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Figure 1. Schematic diagram showing particle motion in dc ElFFF,
Mode I, and Mode III for CyElFFF. The dotted particles have higher
electrophoretic mobilities relative to the particles in bold. Arrows
indicate the direction of the cyclical ﬁeld and also mark diﬀerent time
instances along the separation run.

METHODS
dc ElFFF and CyE1FFF Apparatus and Operation. The
separation channel is the same column used in earlier
studies12,13,17 and consists of two graphite plates separated by
a Mylar spacer. The channel is 64 cm long, 2 cm wide, and 178
μm deep. A syringe pump (KD Scientiﬁc, Boston, MA) was
used to pump ultrapure water (EASYpure II UV/UF, Barnstead
Corp., Dubuque, IA) as the carrier solution through the
channel. A 10 μL syringe (Hamilton, Reno, NV) was used for
the sample injection. A UV−vis detector (model 520, ESA Inc.,
Chelmsford, MA) is connected to the outlet of the separation
channel.
Sample Particles. The standards used throughout this
work were commercial polystyrene particles (Bangs Laboratory,

solution is used as a carrier and exhibits laminar ﬂow with its
accompanying parabolic velocity proﬁle along the separation
channel. Particles with higher electrophoretic mobilities pack
closer to the wall, while particles with lower electrophoretic
mobilities move away from the wall and form a diﬀuse cloud
further from the accumulation wall. Due to the parabolic
velocity proﬁle, the particles move along the channel at rates
dependent upon their position in the channel (across the
channel cross section), which is determined by the particles’
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Inc., Fishers, IN): PS 220 nm and PS 202 nm. The samples are
typically supplied as a 10% w/w suspension in water but are
diluted to a 1:20 ratio of polystyrene samples: DI water for our
experiments. A zeta potential analyzer (ZetaPlus, Brookhaven
Instruments Corp., Holtsville, NY) was used to measure the
electrophoretic mobilities of 202 nm latex standards at 2.58
(μm s−1)/(V cm−1). The PolyPIP (Echelon Biosciences Inc.)
sample is a suspension of polymerized liposomes (vesicles)
containing phosphatidylcholine (PC), phosphatidylethanolamine (PE), biotinylated phosphatidylethanolamine (bn-PE),
and phosphatidylinositol 4,5-biphosphate (PIPn) headgroups
in a 60:29:10:1 PC:PE:PIPn:bn-PE ratio in stock solutions (2.5
mM lipid in DI water) and required no further treatment before
usage. The sample was stored at 4 °C (6−12 months) when
not in use. The sample injection volume was maintained at 1
μL. A zeta potential analyzer (Zetasizer Nano ZS, Malvern
Instruments Ltd., Worcestershire, U.K.) was used to measure
the sizes and mobilities of the samples of polymerized
liposomes for comparison to those from the ElFFF data.
Determination of Electrophoretic Mobility. The
electrophoretic mobilities of unknown samples, μ, can be
determined by eq 1
μ=

2fw ⎛ 3 −
⎜
E0 ⎜⎝

9 − 8t0/tr ⎞
⎟⎟
4
⎠

Table 1. Experimental Parameters for the E1FFF and
CyE1FFF Setup

2trKT
πηt0μE0w

voltage

frequency

E1FFF
CyE1FFF

0.5−1.5 V
0.5−10 VPP

N/A
0.1−70 Hz

diﬃcult. For the CyE1FFF tests, frequencies above 70 Hz led to
no observable sample retention. The results obtained from the
CyE1FFF experiments were examined to calculate the eﬀective
ﬁeld at 1, 5, and 10 VPP (peak to peak voltage). The ﬂow rate
was kept constant at 1.0 mL/min.
The measured eﬀective ﬁeld from the CyElFFF retention
data obtained using standard polystyrene nanoparticles (eq 5 of
the Supporting Information) was used to calculate electrophoretic mobilities of the polymerized liposome samples under
identical experimental conditions (eq 6 of the Supporting
Information). Knowing the electrophoretic mobilities of these
particles, we could measure the sizes of the particles based on
their retention in dc E1FFF (eq 13 of the Supporting
Information). This procedure was followed using polystyrene
particles to verify the methodology and then applied to the
polymerized liposome samples with unknown electrophoretic
mobilities and particle sizes.

■

RESULTS AND DISCUSSION
CyElFFF Retention Results for Polystyrene Samples.
Low-Voltage Separations. As reported in this paper, the reader
should take note that the use of small electric potentials to
induce separation or retention in a reasonable time scale is
unprecedented. For these experiments, using a short-term dc
voltage of no more that 0.5 V, a signiﬁcant retention can be
shown and analysis can be performed. Thus, for electrically
sensitive particles this method may be ideal. For portability,
using less than 0.5 V is also ideal and alone provides a
signiﬁcant contribution to this work.
The initial results for the CyE1FFF experiments with PS 220
nm are shown in Figure 2 and were used for system calibration.

(1)

where f is the frequency (Hz) of the applied ﬁeld, E0 is the
eﬀective ﬁeld, w is the channel height, t0 is the void time, and tr
is the retention time (see the Supporting Information for more
details).12,13
Determination of Particle Size. The particle sizes of
unknown samples, d, for normal ElFFF can be given by eq 2
d=

experiment

(2)

where K is the Boltzmann constant, T is the temperature, and η
is the viscosity (see the Supporting Information for more
details).13 First, the electrophoretic mobility of the unknown
sample will be calculated from eq 1 using CyElFFF run, and
particle size can be obtained using this electrophoretic mobility
value and retention data for the unknown sample obtained
using normal ElFFF. A combination of CyElFFF and normal
ElFFF can be used to determine the electrophoretic mobility
and size of the unknown sample.
Calibration. Experiments were conducted to demonstrate
retention, characterize the combination of the two methods,
and formulate a methodology to characterize the polymerized
liposome samples in terms of size and electrophoretic mobility
via E1FFF and CyE1FFF. The experiments were carried out
ﬁrst with standard 202 and 220 nm samples to calibrate the
systems. Characterization experiments were carried out using
E1FFF and CyE1FFF and included (i) determination of the
operating range for conducting the experiments, (ii) experiments with the polymerized liposome samples in the E1FFF
and CyE1FFF modes, and (iii) determination of electrophoretic mobilities and particle sizes for the polymerized
liposome samples.
Table 1 lists the experimental values for the applied ﬁelds
used in the calibration experiments. For E1FFF testing, the
voltage was limited to 1.5 V beyond which extensive band
broadening was observed, leading to inclusion of artifacts in the
results and making the determination of the elution time

Figure 2. Plot of fractogram for PS 220 nm samples for CyElFFF at 1
VPP.

The retention experiments were carried out at 1 VPP with
frequencies varying from 0.1 to 4 Hz. Note that as the
frequency increases, the elution time increases indicating that
the operation is completely in Mode I. The movement of
particles at lower frequencies is more coherent as the elution
peak in this frequency regime is narrow, which shows that the
majority of the particles elute within a narrow time interval. But
8325
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as we move into the higher-frequency regime, some of the
particles begin to elute at the void time, and the number of
particles emerging at the void time begins to increase with the
increase in frequency, which suggests that the particles that are
eluted at the void time are not being retained in the channel
and the particles that are eluted have a very wide distribution.
The cause of this band broadening and early peak has been
explored in some depth and is related to some particles never
coming in contact with the walls as λ0 becomes small.12
Calculation of the Eﬀective Field in the CyElFFF
Operation. The eﬀective ﬁeld in electrical ﬁeld-ﬂow
fractionation (both dc ElFFF and CyElFFF) is not simply a
ratio of the applied voltage and channel height due to the
charge screening caused by the presence of the electrical double
layer at the wall and around the particles. The determination of
the eﬀective ﬁeld is important, as it is necessary to know how
much of the applied ﬁeld is used toward separation and to
understand overall system performance.
The results of the CyE1FFF system calibration experiments
used to determine the eﬀective ﬁeld with 202 and 220 nm
particles are shown in Figure 3. The results of all experimental

Figure 4. Eﬀective ﬁeld for PS 220 nm and PS 202 nm samples.

losses associated with electrolysis and overvoltage requirements
at the higher applied voltages. The experiments performed at 1
VPP use voltages low enough that many electrochemical
reactions are not able to occur, so more of the ﬁeld can be used
to drive particles rather than reactions. Note that in Figure 4,
both particle sizes show the same trends, which are expected
since their mobilities are similar and mobility should have little
impact on the magnitude of the eﬀective ﬁeld. A nice feature of
these results is that for the 5 and 10 VPP experiments, the
eﬀective ﬁeld approaches a steady value of ∼20% of the applied
ﬁeld, making the task of choosing appropriate electrical
conditions simpler. The results also indicate that similar
eﬀective ﬁelds are generated for diﬀerent sets of samples,
meaning that we should be able to generate useful calibration
curves from this data.
CyElFFF Retention Results for the Polymerized Liposome Samples. The voltage ranges used for conducting the
polymerized liposome tests had to be modiﬁed and were
relatively low when compared to those of the standard
polystyrene nanoparticles. During initial testing, it was observed
that the polymerized liposome samples did not elute out for
extended periods, but upon using a lower frequency of
operation, the samples eluted in a more reasonable time
frame. These results suggested that either the samples went
deep into Mode I and would not elute out or the particles were
retained so well that they essentially adsorbed to the channel
walls (Figure 5).
As observed from Figure 5, at higher frequencies, band
broadening becomes dominant as seen with wide and shallow
fractogram peaks. As shown in the Supporting Information, the
runs at 10 VPP could be conducted at signiﬁcantly higher
frequencies. These fractograms can be represented on a plot as

Figure 3. Plot of elution time and frequency for 1, 5, and 10 VPP at
varying frequencies for PS 220 nm and PS 202 nm samples.

series follow similar trends as frequency increases. In general, as
the applied voltage increases, the curves shift to the right. If
these results were plotted as a function of λ0, all of the results
would be expected to line up. Since we do not know the
eﬀective ﬁeld precisely (that is the purpose of the experiments
at this point), the results are better plotted as a function of
frequency. Note that the results indicate a minimum in elution
times for all the diﬀerent test conditions between 1 and 10 Hz,
indicating a transition for Mode I to Mode III in this range.
The results obtained from the retention experiments were
used to calculate the eﬀective ﬁeld experienced in the FFF
channel as described in the theory section. The eﬀective ﬁeld
calculated is shown in Figure 4 and is represented as a ratio
(E0/E) of the applied ﬁeld (E) to the eﬀective ﬁeld (E0). Figure
4 shows the ratio for the PS 202 nm and PS 220 nm runs
conducted at 1, 5, and 10 VPP. The expected results were that
all three plots should match up as closely as possible, but as
observed from Figure 4, the eﬀective ﬁeld matches up closely
only for the samples operated at 5 and 10 VPP. But at the
operating voltage of 1 VPP, the relative eﬀective ﬁeld is much
higher than that for the higher-voltage experiment and
approaches almost 90%. A 90% eﬀective ﬁeld eliminates
many of the challenges associated with dc ElFFF, so this is a
desirable result. This eﬀect at higher voltages may be related to

Figure 5. Plot of fractogram for PolyPIP samples at 1 VPP.
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indicate that a fairly consistent value for the electrophoretic
mobility can be obtained regardless of the operating conditions
during the CyElFFF analysis. From the results, the electrophoretic mobility of the polymerized liposome samples is
calculated to be 1.5 × 10−3 (μm s−1)/(V cm−1), and it matches
well with the zeta potential analyzer data (Zetasizer Nano ZS,
Malvern Instruments Ltd.). Measurements of two diﬀerent
polymerized liposome batches returned values of −1.531 ×
10−3 and −1.670 × 10−3 (μm s−1)/(V cm−1), which are very
close to the CyElFFF measurements suggesting that they are
valid measurements. Note that CyElFFF cannot determine the
sign of the electrophoretic mobility as presently implemented.
Electrophoretic Mobility Distribution. The distribution
of the electrophoretic mobility values in a nanoparticle sample
consisting of many particles is of signiﬁcant interest and an
important capability of CyElFFF. The mobility distribution can
be represented by substituting the elution axis of the
fractograms with an electrophoretic mobility axis using eq 7
of the Supporting Information.
The electrophoretic mobility distribution plots (μ-plot) are
presented in Figure 8 for the polymerized liposome samples at

elution time and frequency for further data analysis. The reader
may also note that the form of the particle fractogram changes
with decreasing frequency, and small peaks in the larger peak
can be seen. These peaks are associated with the change in the
electric ﬁeld over time and reﬂect ineﬃciencies in particles
leaving the channel when conﬁned on the wall opposite the exit
location when compared to the half-cycle when particles are
near the wall where the exit is located.
Figure 6 shows the results of the polymerized liposome
elution time as a function of frequency. The increasing elution

Figure 6. Plot of elution time and frequency for polymerized liposome
samples at 0.5, 1, 5, and 10 VPP.

time for all frequencies indicates that the polymerized
liposomes are eluting in Mode I for all experiments. These
results also suggest that since the elution times appear relatively
insensitive to the applied voltage, the increase in the eﬀective
ﬁeld at the low applied voltages is essentially canceling out the
reduction in voltage to keep λ0 at a fairly constant level for a
given frequency. Overall, the polymerized liposomes followed
typical CyElFFF trends and were able to be retained eﬀectively.
Calculation of the Electrophoretic Mobility. Equation 5
of the Supporting Information is used to calculate the eﬀective
ﬁeld for the experiments involving polystyrene samples, which
is then substituted in eq 1 to calculate the electrophoretic
mobilities of particles with unknown mobility data. The values
calculated for the electrophoretic mobilities for each pair of
runs (one with a standard and one with the polymerized
liposomes) are plotted as a function of frequency in Figure 7.
The calculated values for the electrophoretic mobilities vary
about 15% across the range of frequencies. Thus, the results

Figure 8. Plot of electrophoretic mobility distribution for 1 VPP.

1 VPP. As an example for analysis, for the distribution of μ at 1
VPP, it can be observed that at ﬁeld frequencies of 0.3, 0.6, 0.8,
and 0.9 Hz, the particles show a mean value of 1.5 × 10−3 (μm
s−1)/(V cm−1), which is the calculated value of μ for our
samples. But when we move in the low-frequency mode at 0.8,
0.9, 1, and 2.5 Hz, we see the formation of dual distribution
peaks; the ﬁrst peak is at the desired mean value, and the
second peak lies at higher mobility values. The secondary peaks
are the early peaks that correspond to unretained samples. The
amplitude of the secondary peaks increases with frequency and
indicates that an increasingly larger fraction of the particles are
not retained. The μ-plot at 5 VPP (see the Supporting
Information) shows reduced formation of secondary peaks.
The values for electrophoretic mobility are analyzed by
calculating the conﬁdence limits for the mean electrophoretic
value. From the results, the mean electrophoretic mobility is
1.54 × 10−3 ± 0.000107 (μm s−1)/(V cm−1) at the 95%
conﬁdence level. These results compare very well to measurements of electrophoretic mobility made using a zeta potential
analyzer, noted previously.
Particle Size Calculation. In order to determine the
particle sizes of the polymerized liposome samples, the system
is ﬁrst calibrated for the eﬀective ﬁeld using the standard

Figure 7. Plot of calculated electrophoretic mobility values as a
function of frequency.
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at 0.5 V is a little less than 30% lower than the average particle
size. On the basis of the consistency and the internal calibration
of these systems, it appears that operating at higher voltages
may produce the most precise results; however, this may be due
to a poorer understanding of the physics of operating at the
lower voltages, or it may be that at higher voltages
electrophoretic eﬀects can be more clearly discerned over the
background ﬁeld losses. Interpretation of the results obtained
suggests that the approach and methodology suggested in this
work can successfully characterize particles in terms of their
sizes and electrophoretic mobilities and will be a valuable tool
for particle characterization for use in research and the
industrial setting.
The error in the electrophoretic mobility measurements
using ElFFF techniques could be improved with better
measurement of the eﬀective ﬁeld while the experiment is
being performed, rather than relying solely on calibration using
known particles. There is known to be some drift in electrode
properties with time. Additionally, sample composition and
buﬀer storage condition can change the local conductivity and
corresponding electric ﬁeld in the ElFFF channel. As accuracy
of both the ElFFF and CyElFFF methods depends on these
ﬁeld measurements, both the diameter and electrophoretic
mobility measurements using these techniques would improve
if a continuous ﬁeld measurement technique was available.
Recent work suggests that a continuous ﬁeld measurement may
be possible,27 and applying this technique to work similar to
this may result in even better measurements than those shown
here.

polystyrene samples. In order to determine the particle sizes
correctly, the eﬀective ﬁeld strength, estimated using the
polystyrene samples, is used and assumed to be the same for all
particle types. In order to observe and measure the particle size
distribution, the fractogram for the polymerized liposome
samples is used, and the elution time axis is replaced with the
calculated particle size by utilizing eq 13 of the Supporting
Information which converts retention time to a corresponding
particle size over the run time, assuming a constant electrophoretic mobility value.
Figure 9 shows that the size distribution lies around a central
mean value of approximately 130 nm. At lower voltages (0.5

Figure 9. Particle size for the polymerized liposome samples with
varying voltage.

and 0.6 V), the distribution is quite narrow and has a half-peak
width of 18.57 nm, but as the voltage is progressively increased,
the half-peak width for 1.2 V increases to 60.46 nm. The peaks
also begin to take on what appears to be a double-humped
appearance, suggesting that there may be a biomodal
distribution in the PolyPIPosome population, with one center
near 130 nm and the second near 160 nm. A biomodal
distribution such as this may be diﬃcult to observe or measure
using some other techniques that assume a distribution shape.
For our analysis, we calculate the mean particle size for each
run between the time period the samples elute (i.e., the
beginning and end of the distribution curve). From the results,
we obtain a mean value from 114.4 ± 1.1 nm for 0.5 V to 167.7
± 2.1 nm for 1.2 V. This variation in the calculated size can be
attributed to variations in the eﬀective ﬁeld and electrochemical
eﬀects, as well as increased band broadening with retention,
variation in injection times for the runs, and possibly other
factors, including variations in carrier and electrode properties.
After results of all the experiments had been averaged, the
particle size of the polymerized liposome samples is calculated
to be 150.5 ± 18.5 nm, but the size might be closer to 160 or
170 nm as the curve seems to plateau at these points, which are
also more reproducible. As per Hub et al.,26 the lipids used in
the polymerized liposomes have an average length of 100 nm,
which might suggest particles with a size above 200 nm, but
there appears to be some “bend” to the tails which would allow
the polymerized liposomes to be smaller. The results obtained
using ElFFF appear to reasonably match the 142.1 nm value
measured for the PIPosomes using a zeta potential analyzer
(Zetasizer Nano ZS, Malvern Instruments Ltd.). This measurement falls right in the middle of the distribution obtained using
ElFFF, but we get more information about the distribution
using the ElFFF instrument. The particle size results from runs
conducted at 0.7, 0.9, 1.0, and 1.2 VPP fall within ±15% of the
calculated average particle size, while the particle size calculated

■

CONCLUSION

■

ASSOCIATED CONTENT

This work demonstrates the combined application of dc E1FFF
and CyE1FFF to make quantitative measurements of colloidal
populations. The results indicate that such methodology could
serve as a valuable tool for particle analysis and characterization.
Particles which are delicate or sensitive to voltage may beneﬁt
the most from this work, as it has been demonstrated that
particles can be eﬃciently separated at low voltages (<1 V).
The separation of the samples at low voltages for the CyE1FFF
system also provides motivatation to attempt system
miniaturization which would lead to an increase of the eﬀective
ﬁeld due to the reduction in channel thickness, potentially
faster separations, and a reduction in power consumption due
to the scaling of the system. The low-voltage experiments were
also found to produce higher eﬀective ﬁelds. Separations with
such low applied voltages had never been demonstrated in dc
ElFFF-type systems before. The experiments also yielded
quantitative parameters (i.e., size and electrophoretic mobility,
which govern the stability of the liposomes). The values
obtained concurred with the published values in the literature,
measured using other tools, which conﬁrms the proposed
analytical methodology.

* Supporting Information
S

Additional information as noted in text. This material is
available free of charge via the Internet at http://pubs.acs.org.

■

AUTHOR INFORMATION

Corresponding Author

*E-mail: himanshu.sant@utah.edu.
8328

dx.doi.org/10.1021/ac301424b | Anal. Chem. 2012, 84, 8323−8329

Analytical Chemistry

Article

Notes

The authors declare no competing ﬁnancial interest.

■

ACKNOWLEDGMENTS
The authors thank the University of Utah for funding and
equipment support, Echelon Biosciences Inc. for the PolyPIPosome samples used for this study, and Dr. Karin Caldwell
for the generous gift of the ElFFF column.

■

REFERENCES

(1) Ferguson, C. G.; James, R. D.; Bigman, C. S.; Shepard, D. A.;
Abdiche, Y.; Katsamba, P. S.; Myszka, D. G.; Prestwich, G. D.
Bioconjugate Chem. 2005, 16, 1475.
(2) Litzinger, D. C.; Buiting, A. M. J.; Rooijen, V. N.; Huang, L.
Biochim. Biophys. Acta 1994, 1190, 99.
(3) Korgel, B. A.; Monbouquette, H. G. J. Phys. Chem. 1996, 100,
346.
(4) Hallett, F. R.; Nickel, B.; Samuels, C.; Krygsman, P. H. J. Electron
Microsc. Tech. 1991, 17, 459.
(5) Egelhaaf, S. U.; Wehrli, E.; Mü l ler, M.; Adrian, M.;
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